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that the Gly-based linker makes contacts in 
the major groove, whereas the βAla-based 
one makes contacts in the minor groove. 
Combining four NDI moieties with these two 
types of peptide linkers yielded a threading 
tetra-intercalator that spans the minor, then 
major, then minor grooves (Fig. 1c), as 
confirmed by NMR structural studies.6

Given the unique sequence preferences 
of the modular units and the interwoven 
structure of the tetra-intercalator complex, 
two interesting questions arose: what is 
the sequence specificity of the new tetra-
intercalator? And what are the binding 
kinetics? Iverson and co-workers have now 
investigated both of these characteristics4.

Sequence specificity was measured 
by incorporating a target sequence (a 14 
base-pair sequence previously identified 
as a binding site) into a 467 base-pair 
oligonucleotide, and screening for binding 
through DNase I footprinting — a technique 
that reveals which sites on the treated 
DNA are protected from cleavage by the 
nuclease, and thus bound to the intercalator. 
Surprisingly, binding was only observed 
at the target site, thus demonstrating 
a sequence specificity that rivals many 
transcription factors and previously known 
DNA-binding compounds.

The dissociation kinetics were measured 
by a gel-shift assay — unbound DNA travels 
through a polyacrylamide gel at a different 

rate than a DNA–ligand complex. In this 
case, the sequence chosen to investigate the 
binding was a short, radioactively labelled 
oligonucleotide containing the 14 base-pair 
target sequence (binding site). The slow 
dissociation of the radioactive complex was 
followed over a period of 34 days before 
loss of radioactivity precluded further 
observation. At physiologically relevant salt 
concentration, the dissociation rate constant 
determined (kd = 5 × 10–7 s–1, approximately 
40,000-fold slower than for a random 
sequence) equates to a half-life of 16 days. 
This represents the slowest dissociation rate 
yet reported for a DNA-binding agent, and it 
is also among the slowest ones reported for 
any non-covalent complex.

The interwoven nature of the threaded 
tetra-intercalator–DNA complex already 
suggests that its dissociation should be slow, 
as it is unlikely that all four NDI units and 
the peptide linkers will part from the double 
helix in a concerted manner. One would 
also expect, however, a correspondingly 
slow association rate constant (ka), thereby 
limiting the overall equilibrium association 
constant (Ka = ka/kd). Using a combination of 
NMR spectroscopy, gel-shift, and stopped-
flow experiments, Iverson and co-workers 
determined that, despite an extraordinarily 
slow dissociation, the association happens 
very quickly (with ka = 1 × 104 M–1 s–1, 
leading to an overall equilibrium association 

constant Ka = 2 × 1010 M–1). This means that 
the complex is highly stable.

This study firmly establishes NDI-based 
poly-intercalators as a promising class of 
modular, sequence-specific compounds with 
unusually long lifetimes of complexation. It 
is exciting to consider whether this motif can 
be extended to bind to longer sites with even 
longer lifetimes — perhaps even years. There 
is also plenty of room to explore the DNA 
sequence specificity in this system. The Gly- 
and βAla-based linkers, which lie in the DNA 
grooves, are structurally simple, and thus the 
target DNA sequence can be altered through a 
wide range of modifications. The combination 
of sequence selectivity and highly stable 
binding effectively paves the road to in vivo 
applications. It is now feasible to consider 
blocking transcription factor binding events 
for extended, controlled periods of time.� ❐
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Chemical bonds vary greatly in strength: 
just compare, say, the covalent bonds 
in diamond with the extremely weak 

van der Waals interactions between layers 
of graphite, in the two most common 
allotropes of carbon. These different bonds 
play a key role in regulating the properties 
of functionally diverse protein materials 
in nature. Strong covalent bonds form a 
permanent connection between atoms in 
the backbone of polypeptide chains. Weaker 
non-covalent bonds, such as hydrogen 
bonds, play an important role in defining a 
protein’s three-dimensional structure.

Intermediate between these strong and 
weak interactions is the disulfide bond, 
which serves as a flexible connection on 

account of its variable bond strength in 
different chemical microenvironments1. 
Disulfide bonds weaken in the presence 
of reducing agents (approaching that of 
hydrogen bonds) and are strengthened in 
an oxidizing environment (approaching that 
of other strong covalent bonds). They can 
thus act as an effective switch to stabilize 
or weaken a folded protein structure, or 
even to rearrange a protein’s geometry 
altogether. These mechanisms enable a 
protein with disulfide bonds to provide 
distinct biological functions, a phenomenon 
called mutability, and also a critical feature 
in molecular sensing and signalling. The 
change in the strength of disulfide bonds 
is similarly important in the context of 

disease, where a failure to form the correct 
disulfide bond or excessive strengthening 
under oxidative stress can lead to 
malfunction through protein misfolding 
or aggregation, as seen in inflammation, 
cardiovascular disease, amyotrophic lateral 
sclerosis or cataract formation2–5. 

Protein disulfide bonds are typically 
formed through the oxidization of thiol 
groups in two cysteine residues. On the 
other hand, disulfide bonds can be broken 
by a reducing thiol–disulfide exchange 
reaction in which a thiolate anion attacks 
an existing disulfide bond and replaces a 
sulfur atom of the original disulfide bond 
to form a new bond. This reaction can 
also occur intramolecularly, resulting in 

BIOPHYSICS

Breaking out of the cage
Activating caged reactive sites in proteins using mechanical force provides a powerful approach in the study of 
chemical reactions, and provides greater insight into which reactions are possible and their rates.
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disulfide bond reshuffling. In biology, such 
an intramolecular thiol–disulfide exchange 
reaction represents a mechanism to repair 
incorrectly formed disulfide connections and 
to adjust a protein’s folded geometry based 
on external signals. Because the number of 
protein atoms remains constant during the 
reshuffling of disulfide bonds, this process is 
called disulfide bond isomerization.

Now, writing in Nature Chemistry6, Jorge 
Alegre-Cebollada, Julio Fernández and co-
workers present the first direct observation of 

the kinetics of disulfide bond isomerization 
in a protein. They designed a protein 
molecule that contains two disulfide bonds A 
and B (Fig. 1a). Disulfide A serves as a ‘cage’, 
which prevents either of its cysteines from 
reacting with a second hidden disulfide, B.

Once disulfide A is broken, secondary 
reactions associated with disulfide B are 
possible. Caged structures can be found in 
many natural systems, for example in caged 
molecules that can be photoactivated, where 
ultraviolet light serves as the trigger to allow 

reactions at a hidden site7. In the present study, 
instead of light, a mechanical force, applied 
using an atomic force microscope, is used as a 
signal. The advantage of this nanomechanical 
approach compared with using light is that it 
allows a detailed analysis of the steps in the 
chemical reactions through the availability of 
time-resolved force–displacement data, which 
can be directly associated with the molecular 
mechanisms of different chemical reactions.

The different reactions that occur are 
detected as distinct extensions of the protein 
(Fig. 1a). In the presence of a reducing 
agent (l-cysteine), disulfide A is the first to 
break. The applied force means that the two 
cysteine residues are immediately separated 
so that recombination is impossible, but this 
‘uncaging’ leaves one residue near to disulfide 
B, which becomes the site of a secondary 
reaction. Disulfide B can be broken by 
three competing pathways — two different 
isomerization reactions in which one of 
the two cysteine residues in B reacts with 
the uncaged cysteine residue from A, or a 
third pathway in which disulfide B directly 
interacts with the surrounding reducing 
agent. The geometry of the protein and the 
number of hidden amino acids confined by 
the disulfide bond determines the magnitude 
of elongation8,9. Hence, the pathway of the 
reaction can be directly inferred from the 
recorded force–displacement data after the 
secondary reaction and the rate from the 
frequency at which such an elongation occurs.

An interesting finding from these 
experiments6 is that the kinetics of disulfide 
isomerization are highly dependent on 
the concentration of the reducing agent. 
An increase of this concentration leads 
to a decrease in the rate of isomerization 
reactions and a dominance of the thiol–
disulfide exchange. Notably, the two 
pathways of isomerization open to disulfide 
B show different reaction rates, suggesting 
a regiospecificity of disulfide isomerization. 
Current theoretical models10 do not provide a 
thorough explanation of this regiospecificity, 
pointing out a need for further investigation. 

The nanomechanical approach used here 
provides an exciting opportunity to study the 
reshuffling behaviour of disulfide bonds in 
the context of various diseases or engineered 
biomaterials, using force–displacement 
measurements as a powerful approach to 
elucidate the kinetics and mechanisms 
of chemical reactions. What’s more, the 
changes in bonding within a protein during 
isomerization form an example of the 
universality–diversity paradigm of nature, 
where different functional states arise from 
the same building blocks and the structure 
controls the function5. The concept of a 
force-activated hidden site opens new 
avenues for designing materials. In existing 

Figure 1 | Reactions of caged disulfide (DS) bonds assessed through a nanomechanical approach, and 
potential applications in a microfluidic device. a, In step i, the applied force causes disulfide A to break 
when it is exposed to the reducing agent. In step ii, one of the cysteine (CYS) residues produced by 
breaking disulfide A reacts with the hidden disulfide B. This enables the reactions in step iii, which 
can follow three possible pathways as shown. There are different numbers of amino acids in the red 
and blue loops that are released on increase of the force, so the force–displacement measurements 
display a distinct elongation on breaking of the disulfide bond. This allows the specific pathway of 
isomerization or intermolecular thiol–disulfide exchange to be identified directly from the analysis of the 
nanomechanical behaviour. b, A potential application of force-activated caged disulfide bonds in flow-
driven self-assembly of materials. Elongational flow exposes molecules to mechanical force sufficient 
to break disulfide bonds and allow reaction at secondary sites that are unchanged in this process. These 
secondary reactions could be used to control the self-assembly of biopolymers into micelles or other 
fibre-like structures, including crosslinked polymer networks.
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applications, disulfide bonds are already used 
in the design of micelles for gene delivery 
and self-assembled monolayers because of 
the reversibility of crosslinking11.

The idea of force-activated caged 
structures also hints at a potential use as a 
flexible building block inside microfluidic 
channels. In elongational flow, molecules can 
be stretched and this can trigger secondary 
reactions that cause specific self-assembly 
mechanisms (Fig. 1b) — like the protein 
assembly that controls the formation of silk 
fibres in a spider’s spinning duct. Potential 
applications of mutable disulfide bond 
arrangements also exist in the design of 
structural materials, where weak bonds can 

enhance mechanical resilience by sacrificially 
dissipating large deformation forces, leading 
to great fracture toughness or ductility12. 
Moreover, controlling the arrangement of 
disulfide bonds through force-activated 
isomerization could lead to new materials 
with mutable fracture properties, where 
isomerization processes at high-stress sites 
such as crack tips could be controlled by 
external signals — for example, reducing 
agents or light — and thereby used to mitigate 
the risk of crack propagation when needed.�❐
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One cannot stress enough the 
importance of oil in our lives. But for 
crude oil to be transformed into more 

useful products, it needs to be refined. One 
such refinery process is fluid catalytic cracking 
(FCC), in which the high-molecular-weight 
molecules of oil are broken down into smaller, 
lighter molecules, generating more valuable 
products such as gasoline. The efficiency 
of FCC depends largely on catalysts. To 
improve the performance of these catalysts, 
diagnosing their activity throughout their 
usage is crucial. Their diagnosis is challenging, 
however, at least from two aspects. First, like 
all solid catalysts, FCC catalyst particles are 
tremendously inhomogeneous. Each catalyst 
particle is a complex mixture of zeolites, 
which are the catalytic components of the 
particle, and matrix materials, which hold 
the zeolite particles together. As a result, each 
catalyst particle is different from the others; 
even within a single particle, the zeolite 
components distribute non-evenly, and the 
catalytic activity changes from one place to 
another. Second, the FCC catalysts do not live 
forever. They deactivate over their life cycle, 
and individual particles deactivate differently. 
These two aspects of FCC catalysts mean that 
methods of measuring the average activity of 
a collection of catalyst particles are inadequate 
for probing their catalytic performance. Now, 
writing in Nature Chemistry, Weckhuysen and 
co-workers report a fluorescence microscopy 

approach for measuring and spatially 
resolving the catalytic activity of individual 
FCC catalyst particles, throughout their life 
stages, at sub-particle resolution1.

The researchers used a fluorescence 
confocal microscopy technique, in which 
a focused laser light is used to scan across 
a catalyst while the fluorescence emission 
from the focal point is detected. The catalyst 
particles are ~70 μm in diameter, and most 
of their zeolite catalytic domains are a few 
micrometres in size. Confocal microscopy 
further allows them to examine a section 

within a particle (Fig. 1). To generate 
a fluorescence signal that reports the 
catalytic activity, they used the fluorogenic 
reaction of thiophene oligomerization, 
which is specifically catalysed by the 
acidic sites of the zeolite domains. The 
oligomerized thiophene emits green 
fluorescence, reporting the location of the 
zeolite domains, while the intensity of the 
fluorescence reports the acidity, that is, the 
activity, of the catalytic sites. They used 
another fluorescent probe, Nile Blue A, 
whose bigger size restricts its presence to the 

SOLID ACID CATALYSTS

Stain and shine
Catalyst particles for fluid catalytic cracking are vital for the oil-refinery industry, but their activity is hard to diagnose 
because of their inter- and intra-particle structural inhomogeneity. With fluorescence confocal microscopy and 
selective staining, one can now pinpoint the catalytic activity within single catalyst particles from an industrial reactor.

Peng Chen

Figure 1 | Microscopic diagnosis of single catalyst particles used in oil refining. A fluorogenic catalytic 
reaction selectively occurs at the catalytic zeolite domains (green) within a single fluidic cracking 
catalyst particle, while a large non-reactive fluorescent probe stains the pores of the matrix material 
(red) of the catalyst.
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